Activation of peroxisome proliferator-activated receptor γ (PPARγ) by thiazolidinediones (TZDs) improves insulin resistance by increasing insulin-stimulated glucose disposal in skeletal muscle. It remains debatable whether the effect of TZDs on muscle is direct or indirect via adipose tissue. We therefore generated mice with muscle-specific PPARγ knockout (MuPPARγKO) using Cre/loxP recombination. Interestingly, MuPPARγKO mice developed excess adiposity despite reduced dietary intake. Although insulin-stimulated glucose uptake in muscle was not impaired, MuPPARγKO mice had whole-body insulin resistance with a 36% reduction (P < 0.05) in the glucose infusion rate required to maintain euglycemia during hyperinsulinemic clamp, primarily due to dramatic impairment in hepatic insulin action. When placed on a high-fat diet, MuPPARγKO mice developed hyperinsulinemia and impaired glucose homeostasis identical to controls. Simultaneous treatment with TZD ameliorated these high fat-induced defects in MuPPARγKO mice to a degree identical to controls. There was also altered expression of several lipid metabolism genes in the muscle of MuPPARγKO mice. Thus, muscle PPARγ is not required for the antidiabetic effects of TZDs, but has a hitherto unsuspected role for maintenance of normal adiposity, whole-body insulin sensitivity, and hepatic insulin action. The tissue crosstalk mediating these effects is perhaps due to altered lipid metabolism in muscle.
Introduction
Insulin resistance is a characteristic early feature of type 2 diabetes (1, 2), with reduction in insulin-stimulated glucose disposal primarily due to diminished insulin action in skeletal muscle (3, 4) . Thiazolidinediones (TZDs) are pharmacologic agents that improve glucose homeostasis in type 2 diabetes by increasing insulin sensitivity, largely through improved insulin action in skeletal muscle (5) (6) (7) . The antidiabetic actions of TZDs are believed to be mediated by their interaction with the nuclear receptor peroxisome proliferator-activated receptor γ (PPARγ) (8, 9) .
In both rodents and humans, adipose tissue is the major expression site for PPARγ, where it is a major regulator of adipogenesis (10) . PPARγ is expressed at much lower levels in other tissues, including other major insulin target tissues, skeletal muscle and the liver (7, 11, 12) . This expression pattern suggests that adipose tissue may be the primary target for the insulin-sensitizing effect of PPARγ agonists such that changes in adipose tissue activity lead to improved insulin sensitivity in other tissues (13) . Indeed, TZDs markedly change gene expression in adipose tissue, yielding smaller adipocytes whose altered secretion of adipokines may improve insulin resistance in other tissues (13, 14) . Study of the necessity of adipose tissue for the antidiabetic actions of TZDs using two Muscle-specific PPARγ-deficient mice develop increased adiposity and insulin resistance but respond to thiazolidinediones lipodystrophic mouse models has yielded conflicting results (15, 16) . There is also evidence that TZDs directly improve insulin-stimulated glucose disposal in cultured muscle cells (17, 18) .
To elucidate the physiologic role of muscle PPARγ and its significance in the actions of TZDs, we generated mice with muscle-specific deletion of PPARγ. We find that these mice develop excess adiposity as well as whole-body insulin resistance. Tissue-specific insulin sensitivity in these mice is normal in skeletal muscle but impaired in the liver and perhaps adipose tissue, as well. Interestingly, the muscle-specific PPARγ KO mice respond normally to the TZD rosiglitazone (RSG). These data suggest that muscle PPARγ is critical for maintenance of whole-body responsiveness to insulin, but is not required for the antidiabetic actions of TZDs. studies herein were performed on mice of the F 2 and subsequent generations.
Genotyping and assessment of recombination of PPARγ DNA. Genotyping for the PPARγ-loxP allele and MCKCre transgene was performed by PCR on DNA isolated from tail clips using described primers and conditions (20, 21) , respectively. Cre-mediated recombination and deletion of exon 2 of the PPARγ gene was detected by PCR using described primers (21) . Recombination and deletion of exon 2 was quantitatively assessed by Southern blot analysis of BamHI-digested high-molecularweight genomic DNA prepared from whole muscle. Probe 1 (Figure 1a ) was hybridized to depurinated DNA after alkaline transfer (22) to nylon membranes.
To elucidate the cellular component responsible for PPARγ-loxP recombination, an established approach (23) was used to obtain myocyte-enriched fractions from skeletal muscle digested with 2 mg/ml collagenase (C-9891; Sigma-Aldrich, St. Louis, Missouri, USA), 2 mg/ml dispase (17105-041; Invitrogen Corp., Carlsbad, California, USA), and 1 mg/ml hyaluronidase (H-3506; Sigma-Aldrich). Semiquantitative PCR was performed on genomic DNA isolated from enriched striated cells pelleted at 800 g for 5 minutes using the following primers: set A (A-F, 5′ primer: 5′-CCTTTCTTCTTCTCCCTCCAA-3′; A-R, 3′ primer: 5′-CAAGGAAACAGCACCACAGA-3′); set B (B-F, 5′ primer: 5′-CAAAGGCATGGGGTCACTT-3′; B-R, 3′ primer: 5′-GGACAGCATATCCCTAACTTTCT-3′); and set C (C-F, 5′ primer: 5′-CTGTGGGAGGC-CAAGATAAG-3′; C-R, 3′ primer: 5′-CCAAAGATG-GAAACAAGAAAGG-3′) (Figure 1a ). Blood glucose, insulin, triglyceride, and free fatty acid measurement. Tail blood of random-fed mice, which had free access to food, was collected at 7 to 9 hours into the light cycle. Fasting blood samples were obtained 2 to 3 hours into the light cycle after food restriction for 14 hours. Blood and plasma glucose were measured using a Glucometer Elite (Bayer Corp., Elkhart, Indiana, USA). Plasma insulin was measured with an ELISA kit (Crystal Chem, Downers Grove, Illinois, USA). In some studies, blood samples from randomfed mice were collected by retro-orbital bleeding under light anesthesia. Plasma triglyceride and FFA were assayed using commercial kits (Sigma-Aldrich and Wako Chemicals USA Inc., Richmond, Virginia, USA, respectively).
Glucose tolerance test and insulin tolerance test. For glucose tolerance tests (GTTs), mice were fasted overnight for 14 hours followed by intraperitoneal glucose injection (2 g/kg body weight). Blood glucose was measured by tail bleeding at 0, 15, 30, 60, and 120 minutes after the injection. In some experiments, 15 µl of tail blood was collected for insulin assay at 0, 15, and 30 minutes. For insulin tolerance tests (ITTs), mice were injected with human regular insulin (Humulin; Eli Lilly and Co., Indianapolis, Indiana, USA) at 1-1.5 U/kg body weight intraperitoneally, and blood glucose was measured at 0, 15, 30, and 60 minutes.
Hyperinsulinemic-euglycemic clamp with glucose flux analysis. A catheter (Micro-Renathane 0.025-inch outer diameter; Braintree Scientific Inc., Braintree, Massachusetts, USA) was secured in the jugular vein of mice anesthetized by intraperitoneal injection with 0.015 ml/kg of a 2.4% solution of 1:1 mixture of 2,2,2-tribromoethanol and t-amyl alcohol. Hyperinsulinemic-euglycemic clamp studies were conducted on postoperative days 3-6 in awake, tail-restrained mice after a 5-hour fast. Whole-body glucose flux was traced using a continuous infusion of H] glucose (NEN Life Science Products Inc., Boston, Massachusetts, USA) at 0.05 µCi/min after an initial 5-µCi bolus. After basal sampling, a primed (40 mU/kg) continuous infusion (4 mU/kg/min) of human regular insulin (Humulin; Eli Lilly and Co.) was administered in 0.1% BSA. Tail-tip blood samples (2 µl) were collected at 10-minute intervals. Aqueous 50% glucose was infused at variable rates as needed to maintain blood glucose at approximately 120 mg/dl.
Tissue-specific insulin-stimulated glucose transport was estimated from a bolus (10 µCi) of 2-deoxy-D- [ The rate of whole-body glucose turnover was determined at steady state from the ratio of the [ 3 H] glucose infusion rate to the measured specific activity of plasma glucose (24) . Hepatic glucose production (HGP) was determined by subtraction of the glucose infusion rate from the whole-body glucose turnover (25) . Tissue-specific glucose transport was calculated from tissue 2-[ 14 C]DG-6P content normalized against the area under the plasma 2-[ 14 C]DG decay curve (26) .
Transport of 2-deoxy-glucose in isolated skeletal muscle. Control (Lox) and MuPPARγKO mice were fed a highfat diet for 7 weeks initiated at 4 months of age. Following a 10-to 12-hour fast, mice were sacrificed, and soleus and extensor digitorum longus (EDL) muscles were rapidly and carefully dissected, tied with suture (silk 4-0), and mounted on an incubation apparatus with resting tension of 0.25 g (27) . H]DG was measured in the absence of insulin, while uptake in the contralateral muscle was measured in the presence of a submaximal insulin concentration (6 nM human insulin). Insulin-stimulated muscle 2-DG uptake was determined as described previously (20) .
Carcass analysis, fat pad weight, and tissue triglyceride measurement. Analysis for body triglyceride content was performed by carcass saponification in ethanolic KOH as described (28), except glycerol content was measured (Kit 227B; Sigma-Aldrich) after neutralization with MgCl 2 . Tibialis anterior muscle and hepatic triglyceride content were determined by ethanolic KOH saponification followed by assay for glycerol.
RNA analysis. RNA was extracted from mixed hindlimb skeletal muscle using TRIzol (Life Technology Inc., Rockville, Maryland, USA). For Northern blot analysis, 10 µg of RNA was transferred from denaturing agarose gel onto Bright Star-Plus nylon membranes (Ambion Inc., Austin, Texas, USA) using QuickHyb (Stratagene, Cedar Creek, Texas, USA). Hybridized membranes were exposed to a PhosphorImage Screen (Molecular Dynamics, Sunnyvale, California, USA), analyzed using ImageQuant software (Molecular Dynamics), and normalized to the expression of 36B4. The cDNAs were synthesized using Superscript II reverse transcriptase (Life Technologies Inc.) and oligo(dT) priming. Probes for specific cDNAs were prepared by PCR using Taq polymerase (Life Technologies Inc.) and mouse skeletal muscle cDNA with the following primers: lipoprotein lipase (LPL: 5′ primer, 5′-GACACAGCTGAGGACCATTGTCAT-3′; 3′ primer, 5′-GCAGCATGGGCTCCAAGGCTGTA-3′), heart/muscle fatty acid-binding protein (FABP3; 5′ primer, 5′-GGCGGACGCCTTTGTCGGTACCT-3′; 3′ primer, 5′-GGATGAGTTTCCCGTCAACTAGCT-3′), and muscle mitochondrial carnitine palmitoyltransferase-1 (mCPT1b; 5′ primer, 5′-GGCAACAGTTGGTTCCAAC-TACT-3′; 3′ primer, 5′-CAGGAAGCTTAGGCATG-TACGTT-3′). The probe for 36B4 was generated using the primers described (29) . All PCR products were confirmed to be free of mutation by sequencing.
For DNA microarrays, samples were prepared following the Affymetrix GeneChip Expression Analysis Manual (Affymetrix, Santa Clara, California, USA) with minor modifications. Total RNA was cleaned using an RNeasy Mini Kit (QIAGEN Inc., Valencia, California, USA). From 25-35 µg of total RNA, double-stranded cDNA was created using the SuperScript Choice system (Life Technologies Inc.). First-strand cDNA synthesis was primed with T7-(dT 24 ) oligonucleotide. The cRNA was synthesized using T7 MegaScript in vitro Transcription Kit (Ambion Inc.), labeled with biotin using Bio-11-CTP and Bio-16-UTP (Enzo Diagnostics Inc., Farmingdale, New York, USA), and cleaned using RNeasy Mini Kit. The cRNA was treated in fragmentation buffer (40 mM Tris-acetate, pH 8.1, 100 mM KOAc, 30 mM MgAc) for 35 minutes at 94°C. Fragmented cRNA (27 µg) was hybridized on murine U74Av2 arrays for 24 hours in a 45°C hybridization oven, stained with streptavidin-phycoerythrin (Molecular Probes Inc., Eugene, Oregon, USA) in Affymetrix fluidics stations, scanned fluorometrically (Hewlett Packard Corp., Palo Alto, California, USA), and analyzed using GENECHIP MAS V.4.0.
Statistics. Results were expressed as mean plus or minus SEM. Statistical analysis was performed using a two-tailed unpaired t test for dual samples and ANOVA for groups. For expression array analysis, a gene was considered significantly altered between groups if each of the following three conditions were met: (a) the expression intensity in at least one of the groups was greater than 3 × noise + background; (b) the difference in expression intensity between groups was greater than 3 × noise; and (c) the twotailed unpaired t test between groups yielded P values less than 0.05.
Results
Creation of MuPPARγKO mice. To study the functional role of PPARγ in skeletal muscle, we conditionally disrupted the PPARγ gene in skeletal muscle using Cre/loxP-mediated DNA recombination (30) by crossing PPARγ-loxP mice with MCK-Cre mice. In the PPARγ-loxP mice, loxP sites were introduced both upstream and downstream of exon 2 of the PPARγ gene (19) . In the presence of Cre recombinase, exon 2 of the PPARγ-loxP allele is deleted, resulting in a message containing a frameshift and premature stop codon after exon 1. In published tissue-specific KOs using this allele, the resultant PPARγ transcript is indeed truncated with reduced message half-life, and no PPARγ protein can be detected (19, 31) . The muscle-specific expression and functional activity of Cre DNA recombinase under control of the MCK promoter have been described (20, 32) .
Recombination of the PPARγ-loxP allele in tissues was detected by PCR, amplifying an approximately 2-kb product from the intact PPARγ-loxP allele (fl) and an approximately 400-bp product from the recombined PPARγ-loxP allele (null). As expected, recombination of the PPARγ gene was present only in the skeletal muscle of Het and KO, but not in WT, Cre, and Lox mice (Figure 1b) . Recombination of the PPARγ gene was specific for skeletal muscle and was not observed in the liver. Expression of PPARγ protein in adipose tissue was normal in MuPPARγKO mice as measured by Western blot analysis (data not shown).
Measurement of the specific loss of PPARγ from skeletal muscle was complicated by contamination of skeletal muscle preparations with some adipose tissue (33) . Because levels of PPARγ are many fold higher in adipocytes than in skeletal muscle, even low-level contamination is a significant confounder to accurate quantitation of muscle PPARγ transcript or protein levels. Knowing that deletion of exon 2 from the PPARγ-loxP allele prevents PPARγ expression, we quantitatively approached this problem by measuring the loss of exon 2 in genomic DNA prepared from skeletal muscle, thus avoiding the above relativeexpression quandary. Deletion of exon 2 was measured by Southern blot analysis of BamHI-digested genomic DNA prepared from whole muscle tissue. Hybridization of probe 1 at approximately 8 kb, corresponding to the recombined PPARγ-loxP allele (null), was detected in muscle of MuPPARγKO but not Lox (Figure 1c ) or WT mice (not shown). In muscle from Lox mice, only the unrecombined PPARγ-loxP (fl) allele, at approximately 10 kb, was detected. As expected, the unrecombined allele was also detected in DNA prepared from MuPPARγKO muscle, such that the recombined allele represented 50% ± 0.3% (n = 3) of muscle DNA. This frequency is near that expected for complete myocyte-specific excision in muscle, because myocytes make up 50% or less of this tissue (34) (35) (36) with the remainder made up by myoblasts, endothelium, intramural adipocytes, etc.
To confirm that myocytes in skeletal muscle are specifically responsible for the observed loss of exon 2, we prepared myocyte-enriched cellular fractions from Lox and MuPPARγKO mice. PCR was performed on genomic DNA isolated from the myocyte-enriched fraction to detect portions of the PPARγ-loxP allele that are preserved (primer set C) or disrupted (primer sets A and B) by Cre-mediated excision (see primer schematic in Figure 1a ). As expected, we were able to readily detect the nondisrupted part of the allele in WT, Lox, and MuP-PARγKO myocytes using primer set C (Figure 1d ). The products from primer sets A and B were readily detected in WT and Lox myocyte DNA, with the expected change in size, but were not detected in MuPPARγKO myocyte DNA, even after 45 cycles of amplification (Figure 1d ). In addition, we detected the null allele using primers spanning the deletion site only in myocytes from MuPPARγKO mice (data not shown). Taken together, these data indicate extensive and specific disruption of PPARγ in myocytes of MuPPARγKO mice.
Effect of muscle deletion of PPARγ on growth, body composition, and lipid distribution. The growth of MuPPARγKO, Lox, and control mice fed normal chow was followed for 12 months, with no observed differences ( Figure  2a ). We found, however, that both Het and MuP-PARγKO had significantly enlarged epididymal fat pads compared with controls ( Figure 2b ; P < 0.05). This was accompanied by a small but nonsignificant increase in serum leptin levels in Het and MuPPARγKO mice compared with control mice (control: 4.7 ± 0.9 ng/ml; Het: 5.6 ± 1.0 ng/ml; KO: 6.2 ± 1.2 ng/ml).
When fed a high-fat diet, MuPPARγKO mice gained significantly more weight than control (Lox) mice (Figure 2c ). Whole-body triglyceride content of MuPPARγKO mice fed 7 weeks of high-fat diet was 51% higher (P = 0.05) than that of control mice (Figure 2d) , accounting for the excess body mass in the MuPPARγKO mice. The excess weight gain in MuPPARγKO mice compared with Lox controls occurred despite a significant and persistent reduction in food intake for mice on the high-fat diet (Figure 2e) .
Given the excess lipid deposition in adipose tissue in MuPPARγKO mice, we examined other lipid parameters. We found similar serum FFA levels in MuPPARγKO, Het, and control mice on a regular diet (1.37 ± 0.08, 1.25 ± 0.05, and 1.21 ± 0.05 mEq/l, respectively) or a high-fat diet at 6 months of age. Circulating triglyceride levels were not different between MuPPARγKO, Het, and control mice (113 ± 14, 121 ± 13, and 121 ± 13 mg/dl, respectively). Triglyceride content of skeletal muscle was also not different between MuPPARγKO, Het, and control mice (8.4 ± 1.0, 8.2 ± 1.2, and 8.0 ± 0.9 mg/g, respectively). In addition, there was normal liver triglyceride content in MuPPARγKO compared with Lox mice (11.5 ± 1.2 versus 13.6 ± 2.8 mg/g).
Glucose homeostasis in MuPPARγKO mice. To assess the effect of the muscle PPARγ KO on whole-body glucose homeostasis, we measured glucose and insulin levels, GTT, and ITT in mice fed normal chow. We found no differences in random glucose and insulin levels in either Het or MuPPARγKO mice as compared with WT, Cre, and Lox control mice (Figure 3, a and b) . In addition, MuPPARγKO and Het mice displayed normal response to GTT and ITT, as compared with control mice (Figure 3, c and d) . We detected no differences in response patterns of male and female mice (data not shown).
Insulin resistance in MuPPARγKO mice due to impaired hepatic insulin action. The effect of muscle PPARγ KO on insulin sensitivity was directly assessed by 2-hour hyperinsulinemic-euglycemic clamp in conscious MuPPARγKO 4-month-old male mice, using sibling Lox mice as controls. Baseline blood glucose and plasma insulin levels were not statistically different between the two genotypes during the basal period of the clamp (Table 1) , though there was a weak tendency toward higher basal glucoses in the MuPPARγKO mice. The increase in plasma insulin levels during the clamp was not significantly different between the two genotypes ( Table 1 ; P = 0.25), and euglycemia was maintained in both groups. Both genotypes had nearly identical glucose disposal rates (R d ) during the basal period (Table 1) . MuPPARγKO mice, however, required a 36% lower glucose infusion rate (28 ± 4 versus 44 ± 5 mg/kg/min in controls; P < 0.05, n = 6-7) (Figure 4a ) to maintain euglycemia during the hyperinsulinemic portion of the clamp compared with Lox controls, demonstrating whole-body insulin resistance in the MuPPARγKO mice.
The defect in whole-body insulin sensitivity was not due to changes in glucose disposal, because the MuP-PARγKO mice had an identical insulin-stimulated increase in R d compared with controls ( Figure 4b ). In contrast, there was a marked defect in insulin action in the livers of MuPPARγKO mice such that there was a complete failure of insulin to suppress HGP in these mice, while in control mice there was a significant suppression of HGP by insulin (Figure 4c ; P = 0.03). Thus, somewhat surprisingly, hepatic insulin resistance appears to account for the whole-body insulin resistance observed in MuPPARγKO mice. Normal insulin-stimulated glucose-disposal in skeletal muscle of MuPPARγKO mice. Skeletal muscle and adipose tissue both contribute to insulin-stimulated R d , with skeletal muscle accounting for the majority of disposal (3). The normal insulin-stimulated increase in R d in MuPPARγKO mice suggested that insulinstimulated glucose uptake in skeletal muscle of these mice was normal. To test this directly and deconvolute tissue-specific determinants of glucose uptake, we measured the uptake of a bolus of 2-[ 14 C]DG given during the hyperinsulinemic portion of the clamp. As expected from the above R d data, transport of 2-[ 14 C]DG was not impaired in the skeletal muscle of MuPPARγKO mice (Figure 4d ). There was a trend, however, toward reduced uptake of 2-[ 14 C]DG in the epididymal fat of the MuPPARγKO mice ( Figure 4e) .
As independent evaluation of insulin action in skeletal muscle, we measured 2-[ 3 H]DG uptake in isolated individual muscle groups isolated from MuPPARγKO and control (Lox) mice. To promote , and high-fat diet plus RSG (filled circles). *P < 0.05 versus regular diet; **P < 0.01 versus regular diet; ***P < 0.001 versus regular diet; # P < 0.05 versus high-fat diet; ## P < 0.01 versus high-fat diet; ### P < 0.001 versus high-fat diet.
insulin resistance, both groups were fed a high-fat diet for 7 weeks preceding the measurement. Consistent with the tissue-specific clamp results, the insulin-stimulated 2-DG uptake above basal in soleus muscle (Figure 4f ) was unaffected in MuPPARγKO mice. The insulin-stimulated uptake above basal of 2-DG in EDL was also not significantly changed in MuPPARγKO animals (0.8 ± 0.5 versus 0.4 ± 0.1 µmol/ ml/h in Lox controls).
Glucose homeostasis response to high-fat diet and RSG in MuPPARγKO mice. Control, Het, and MuPPARγKO mice were fed either a regular or high-fat diet for 2-4 weeks. In control mice, ingestion of the high-fat diet did not cause hyperglycemia (data not shown), but dramatically increased plasma insulin levels ( Figure  5a ). The mice on high-fat diet exhibited an impaired response to intraperitoneal insulin (Figure 5b ) as well as impaired glucose tolerance (Figure 5c ). Het and MuPPARγKO mice showed a response that was indistinguishable from that of controls with respect to induction of hyperinsulinemia, impaired intraperitoneal insulin response, and glucose intolerance on the high-fat diet challenge ( Figure 5, a-c) .
To study the role of muscle PPARγ in mediating the effects of TZDs, the high fat-fed mice were simultaneously treated with RSG for 2-4 weeks. In control mice, RSG treatment was largely able to prevent the high fat-induced abnormalities of plasma insulin levels (Figure 5a ) and of the response to intraperitoneal insulin (Figure 5b ). Although there was minimal effect of RSG on GTT (Figure 5c ), the RSG-treated mice tended to have lower induced insulin levels as compared with mice on high-fat diet alone during GTT (Figure 5d ), indicating that the hypoinsulinemic effect of RSG was not affected by deficiency of PPARγ in skeletal muscle.
Expression of genes involved in lipid metabolism. Given the abnormality in lipid distribution resulting from muscle-specific disruption of PPARγ, we explored the expression in skeletal muscle of a wide set of lipid metabolism genes using Affymetrix expression microarrays profiling 12,488 genes. We identified and screened approximately 100 lipid metabolism genes for significant alteration in MuPPARγKO compared with Lox control mice. Two of these were significantly altered ( Figure 6a) ; fatty acid transport protein-1 (FATP1) and long-chain fatty acyl-coA synthetase 2 (LC-FACS2) were each significantly upregulated by 3.21-fold ± 0.39-fold and 1.74-fold ± 0.20-fold, respectively. Of note, the expression of PPARα and PPARδ were not significantly altered in MuPPARγKO mice, as measured by microarray analysis.
Previous work has found a correlation between muscle PPARγ levels and the expression of three lipid metabolism genes: mCPT1b, FABP3, and LPL (37) . Microarray analysis showed no change in expression of LPL (fold = 1.08) and a trend toward upregulation of FABP3 in MuPPARγKO (fold = 1.39) (Figure 6a ). Mouse mCPT1b is not represented on the U74Av2 microarray. Northern blot analysis of muscle RNA was used to independently explore the role of muscle PPARγ in the expression of these three lipid metabolism genes (Figure 6b ). There was a significant increase in FABP3 message in the skeletal muscle of MuPPARγKO mice nearly identical to that found by microarray profiling, with a fold change of 1.47 reaching statistical significance (P < 0.05). Likewise, there was close agreement between Northern and microarray analysis for LPL, with an insignificant fold change of 1.12. Northern blot analysis also showed no statistical regulation of mCPT1b (fold = 1.13).
Discussion
The contribution of PPARγ activity in specific tissues to whole-body insulin sensitivity has been difficult to dissect. Although PPARγ levels are highest in white adipose tissue, multiple insulin-sensitive tissues express PPARγ and thus in theory might contribute to the effects of TZDs on whole-body insulin sensitivity. Furthermore, the endogenous role of PPARγ in tissues has been difficult to determine since global genetic KO of PPARγ in the mouse results in embryonic lethality by embryonic day 10 (38) , and mice with heterozygous deficiency of PPARγ display improved insulin sensitivity (39, 40) . In humans, specific PPARγ mutations have been shown to lead to obesity (41) or marked insulin resistance (42) , and a common polymorphism (Pro12Ala) is associated with improved insulin sensitivity (43, 44) . To explore the role of muscle PPARγ in insulin sensitivity and glucose homeostasis, we generated muscle-specific PPARγ-deficient mice using a Cre/loxP strategy. We find that mice with muscle-specific disruption of PPARγ have normal glucose homeostasis and insulin levels, including normal responses to glucose or pharmacologic insulin challenge. The MuPPARγKO mice, however, have significant whole-body insulin resistance when measured directly using the hyperinsulinemic-euglycemic clamp. This mild insulin-resistance phenotype is similar to that of the muscle-specific insulin receptor KO (MIRKO) mouse, which has normal glucose and insulin levels and normal responses to glucose or insulin challenge (20) , yet has insulin resistance when measured by euglycemichyperinsulinemic clamp (26) . In MIRKO mice, this is associated with severe impairment of insulin-stimulated glucose uptake in muscle and compensatory increased glucose uptake in fat due to undefined tissue crosstalk (26) . In contrast, in MuPPARγKO mice the whole-body insulin resistance is localized to nonmuscle tissues, including the liver and, possibly, fat.
Related results have been observed in mice with selective KO of glucose transporter-4 in muscle (M-G4KO). These mice have severe loss of basal, insulin-stimulated, and contraction-stimulated glucose uptake in skeletal muscle (32) and have whole-body insulin resistance as measured by euglycemic-hyperinsulinemic clamp (45) . The glucose homeostasis defect in M-G4KO mice is more severe, and they develop secondary insulin resistance in liver and adipose tissue mediated by glucose toxicity (45) . Since MuPPARγKO mice have normal glucose levels and normal insulinstimulated glucose uptake in muscle, it is likely that a mechanism other than glucose toxicity is responsible for the insulin resistance that develops in the liver and, possibly, fat of these mice.
The hepatic insulin resistance in MuPPARγKO mice might be secondary to altered adipokine release associated with increased adiposity. Consistent with this possibility, preliminary studies suggest altered adipokine expression in adipose tissue as determined by quantitative RT-PCR. The expression of ACRP30 was reduced 55% in adipose tissue from MuPPARγKO mice compared with controls (P = 0.09), while the expression of TNF-α was increased 63% (P = NS) in adipose tissue from MuPPARγKO mice (unpublished data). Both of these trends could be expected to induce hepatic insulin resistance (46, 47) , though proof of causality in our model will require additional experimentation.
The disruption of muscle PPARγ in mice leads to excess adiposity. This phenotype is similar to that of MIRKO mice, which also have normal body weight on normal chow but develop increased fat depot mass (20) . In MIRKO mice, however, this is accompanied by increased insulin-stimulated glucose uptake in adipose tissue. Since MuPPARγKO mice have a tendency for diminished responsiveness to insulin in adipose tissue, it is unlikely that MIRKO and MuPPARγKO mice develop enlarged fat pads via the same mechanisms.
The excess weight gain and adiposity observed in MuPPARγKO mice on a high-fat diet occurred despite a reduction in caloric intake. This suggests that the adiposity in MuPPARγKO mice is not due to a defect in appetite regulation such as would occur in leptin resistance. In fact, the decrement in food intake associated with increased adiposity, coupled with the observed trend toward higher serum leptin levels, is consistent with an intact leptin response in MuPPARγKO mice. The feeding data instead suggest that the weight gain/adiposity of MuPPARγKO mice may be due to higher energy efficiency, that is, reduced fuel oxidation and increased fuel storage. Given that skeletal muscle is a major site of fuel oxidation (48) , it is possible that loss of muscle PPARγ could produce such an effect. A preliminary indirect calorimetry study has revealed no differences in oxygen consumption, CO 2 production, and physical activity levels between MuPPARγKO and Lox control mice on a high-fat diet (unpublished data). Likewise, we found no significant differences in uncoupling protein-1, -2, or -3 expression between MuPPARγKO and Lox muscle, as represented on the U74Av2 microarray (unpublished data).
An alternative explanation for excess fat mass in MuPPARγKO mice would be an impaired ability of skeletal muscle to use lipid fuel substrate leading to a shunting of lipid to adipose tissue. Indeed, it is postulated that PPARγ mediates upregulation of lipid use in skeletal muscle (49) (50) (51) , in a manner similar to the essential role of isoform PPARα in the upregulation of lipid oxidation in cardiac muscle (52, 53) . Though isoform PPARα is expressed in skeletal muscle at levels higher than PPARγ (ref. 54; our unpublished data), there is little to no impairment in skeletal muscle lipid utilization gene regulation upon loss of PPARα (55) . This suggests that other factors, perhaps PPARγ, play an important role. Consistent with this possibility, there are differences in lipid metabolism gene expression in MuPPARγKO muscle.
Defects in use of fatty acids by skeletal muscle have also been postulated to contribute to the development of type 2 diabetes (56, 57) , such that excess delivery of lipid to liver and adipose tissues leads to insulin resistance in these tissues (58) . This represents an alternative mechanism that could account for the diminished insulin sensitivity in liver and adipose tissue in MuPPARγKO mice, though we did not detect differences in lipid content of serum or tissues of MuPPARγKO mice other than increased adipose mass.
TZDs improve whole-body glucose homeostasis by increasing insulin-stimulated glucose uptake in skeletal muscle (5) (6) (7) . This action on muscle may be direct (16) (17) (18) or indirect through the effects of TZDs on fat (13) (14) (15) . It is thus informative that although MuPPARγKO mice develop insulin resistance at baseline, they nonetheless have a normal response to RSG with a reduction in hyperinsulinemia and improved whole-body glucose homeostasis. Taken together, these improvements are very suggestive of increased insulin sensitivity, though in the absence of clamp data from TZD-treated MuPPARγKO mice it remains possible that subtle deficiencies in the TZD response of MuPPARγKO mice exist. The normal response in multiple parameters of MuPPARγKO mice to TZDs, however, supports the hypothesis that PPARγ agonists improve insulin sensitivity by direct actions on tissues other than skeletal muscle, presumably adipose tissue. This hypothesis has been suggested in a previous study where TZDs failed to improve glucose homeostasis in mice with severe lipoatrophy (15) . Adipose tissue secretes a number of factors, including leptin, TNF-α, FFAs, resistin, IL-6, and ACRP30, which modulate insulin sensitivity (59) . TZDs can induce beneficial changes in the adipose production of most of these, including lower FFAs (60), TNF-α (61), and resistin (62) levels, as well as increased ACRP30 levels (63) . These salutary changes are accompanied by a reduction of adipocyte size, which is also expected to improve overall body-glucose homeostasis (64) . Any or a combination of these factors could represent a mechanism for the insulin-sensitizing effects of TZDs on skeletal muscle by adipose tissue.
Our data, as well as other recent studies, suggest that PPARγ in skeletal muscle may directly modulate expression of some genes of lipid metabolism. In normal human skeletal muscle, Lapsys et al. (37) found a strong positive correlation between the expression level of PPARγ and the mRNA levels of LPL, FABP3, and mCPT1b. In contrast, we observed an increase of FABP3 in MuPPARγKO mice, but no change in LPL or mCPT1b. We did observe, however, changes in expression of LC-FACS2 and FATP1 in skeletal muscle of MuPPARγKO mice. Both of these genes are regulated in response to PPAR activity in liver (65) , but in a positive manner -the opposite of the effect we observed. These findings reinforce the suggestion by Way et al. (51) that PPARγ activity in skeletal muscle may have different effects on gene expression compared with adipose tissue or liver. An in-depth analysis of gene expression in muscle of these mice before and after TZD treatment should allow definition of the genes regulated by PPARγ in skeletal muscle.
In summary, disruption of muscle PPARγ leads to increased fat mass, as well as hepatic insulin resistance. Disruption of muscle PPARγ, however, does not block the beneficial effects of TZDs on glucose homeostasis. These data indicate that the insulin-sensitizing effects of TZDs on muscle are indirect, but that PPARγ in muscle plays a role in regulation of wholebody lipid storage and hepatic insulin sensitivity through tissue crosstalk, perhaps mediated by alterations in regulation of muscle lipid metabolism genes.
